
vian parasites range from single-celled pro-
tozoans that develop either intracellularly or
extracellularly to multicellular helminths
and arthropods. The effects of an infection

can vary from benign to acute deaths. Parasitic life
cycles may be direct or complex indirect cycles re-
quiring various arthropod or animal hosts. Some
species of parasites can infect nearly every organ
system, although individual genera will inhabit spe-
cific organs or tissues. For example, mature tape-
worms (Cestoda) and spiny-headed worms (Acantho-
cephala) are restricted to the small intestines.
Mature flukes (Trematoda) occur in the intestines,
liver, kidney, air sacs, oviducts, blood vessels and on
the surface of the eyes. Adult roundworms (Nema-
toda) parasitize the crop, proventriculus, ventricu-
lus, intestines, ceca, body cavities, brain, surface and
periorbital tissues of the eyes, heart and subcutane-
ous tissues. Mites (Acarina) live in and on the skin,
feather shafts and follicles, choanal slit, nasal pas-
sages, trachea and air sacs. Immature and mature
biting lice and ticks remain on the integument. Sin-
gle-celled organisms with discrete nuclei (Protozoa)
may be found in the lumen of the intestinal tract,
extracellularly in the blood or within cells of many
tissues.

It should be stressed that identifying a parasite (or
parasite egg) does not imply clinical disease. Many
parasites coexist with their avian hosts without
causing pathologic changes. Long-term symbiotic
parasite-host relationships are usually characterized
by benign infections compared with parasites that
have been recently introduced to a new host. The fact
that companion and aviary birds from widely varying
geographic regions are combined creates an opportu-
nity for exposure of a naive host to parasitic organ-
isms that may cause few problems in their natural
host. Parasites that are apathogenic in endemic avi-
fauna can cause chronic disease or rapid death in
unnatural hosts.
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With companion and aviary bird species, parasitic
infections are most common in birds that are recently
imported or that have access to the ground. Some
parasites are host-specific, while others can infect a
wide range of avian species. Free-ranging birds
should be restricted from an aviary to prevent them
from serving as sources for parasites. Parasitic prob-
lems are best managed by designing facilities that
restrict a bird’s access to infectious stages of a para-
site and by practicing sound hygiene. Birds main-
tained indoors or in suspended welded wire enclo-
sures are unlikely to have parasites that have an
indirect transmission cycle. In contrast, parasitic in-
fections are common in countries where birds are
maintained in walk-in type aviaries with access to
the ground.

Treatment for parasitic infections should include ap-
propriate anthelmintics (when available) and man-
agement changes that will prevent reinfection (Table
36.1). Relatively apathogenic parasites may cause
severe clinical disease in birds that are immunosup-
pressed or stressed or have concomitant infections.

TABLE 36.1  Suggested Parasite Treatments

 Parasites Therapy

Haemoproteus Not recommended in asymptomatic birds

Leucocytozoon Pyrimethamine, Clopidol (0.0215 to 0.025%)
in food as preventative

Plasmodium Chloroquine phosphate, Primaquine

Giardia Metronidazole

Histomonas Ipronidazole, Dimetrodazole

Atoxoplasma See text

Cryptosporidium No effective therapy

Sarcocystis Pyrimethamine, Trimethoprim, Sulfadiazine

Cestodes Praziquantel

Ascarids Pyrantel pamoate, Piperazine

Oxyspirura Ivermectin

Capillaria Mebendazole, Fenbendazole, Ivermectin
(resistant strains occur)

Syngamus Ivermectin, Physical removal

Knemidokoptes Topical ivermectin

Sternostoma Ivermectin, Physical removal

Gapeworms Thiabendazole, Mebendazole

Trichomonads Dimetronidazole, Metronidazole

Coccidia Metronidazole

Life cycles for most avian parasites are poorly under-
stood. Much of the currently available information is
based on comparative data from similar taxa in other

hosts. Diagnostic stages of most avian parasites have
not been matched to the adults of the same species
and thus characterization is usually limited to order
or superfamily. Avian parasitology will be enhanced
by cooperation among aviculturists, avian veteri-
narians and parasitologists.

Diagnosis of Parasites

Parasitic infections in birds may be diagnosed
through examining samples from living birds or
through necropsy of affected individuals or repre-
sentatives of flocks.

It is important to determine which parasites are pre-
sent because: 1) related parasite/host systems may
cause clinical signs similar to the ones being observed,
providing the clinician with information on potential
life cycles; 2) determining which groups of parasite(s)
are present will ensure the selection of appropriate
antiparasitic agents; and 3) determining a potential
source of infection would help in designing a preventive
program for individual birds and the flock.

TABLE 36.2  Common Parasites in Companion Birds

African Grey
Parrots

Tapeworms (common),
blood parasites* (occasional)

Australian
Parakeets

Proventricular worms (common),
nematodes (frequent)

Budgerigars Trichomonas (common), Giardia (common)

Canaries Air sac mites

Cockatiels Ascarids* (common), Giardia (frequent)

Cockatoos Tapeworms (common), Haemoproteus,*
microfilaria,* liver flukes*

Finches Air sac mites, tapeworms (common), Trichomonas*

Lorikeets Coccidia, roundworms* (frequent)

Macaws Capillaria (frequent, imports), ascarids* (common)

Toucans Giardia (common), coccidia (frequent)

* Relatively uncommon in captive-bred birds in the United States

Diagnosis in the Living Bird

Depending on the parasite, appropriate antemortem
diagnostic samples could include feces, blood, tissue
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biopsies or integument for the detection of intact
parasites, eggs or intermediate life forms. Specific
diagnostic procedures are dictated by the size and
species of bird, clinical signs and the types of para-
sites that might be contributing to the problems.

Egg characteristics that should be evaluated include
shape, size (determined by using a calibrated ocular
micrometer), color (colorless, yellowish to brown),
texture (smooth, pitted, mammillated), single oper-
culum, bipolar plugs, stage of development (single
cell, morula or larvae) and type of larva present in
the egg (nematode larva, hexacanth larva, mi-
racidium or acanthor).

The diagnostic stage of most avian helminths is an
egg that is detected in the feces by either flotation or
sedimentation. The flotation method will remove ex-

traneous debris and concentrate the eggs of nema-
todes, cestodes and acanthocephala and the cysts
and oocysts of protozoa. The most generally used
flotation medium is saturated sodium nitrate (568 g
sodium nitrate/ 1000 ml water). Sheather’s sugar
solution (500 g table sugar, 320 ml water and 6.5 g
phenol crystals) is most commonly used to detect
coccidian oocysts. Saturated zinc sulfate (336 g zinc
sulfate/ 1000 ml water) is best for concentrating cysts
of Giardia and may be better for detecting spiruroid
eggs than sodium nitrate.

Flotation can be performed by mixing feces in a volume
of flotation medium and passing the mixture through a
piece of double-layer gauze or cheesecloth placed on top
of a vertical tube. The tube should be filled until a slight
positive meniscus is formed. A coverslip is placed on top
of the tube and allowed to stand for ten minutes. As an
alternative technique, the feces can be placed on a
gauze pad on top of a 15 ml centrifuge tube and washed
with lactated Ringer’s solution. The collected fluid is
then centrifuged at 1200 to 1500 rpm for ten minutes
and the sediment is mixed in the appropriate flotation
medium. The coverslip from either method is then
examined microscopically.

TABLE 36.3  Best Tests for Detecting Avian Parasites

Parasite Test

Hexamita, Giardia,
Trichomonas

Fresh direct mount with warm
LRS (not H2O)

Coccidia oocyst Flotation - Sheather’s sugar

Giardia, spiruroid eggs Flotation - Zinc sulfate

Nematodes,  cestodes,
acanthocephala

Flotation - Sodium nitrate

Flukes Sedimentation

Plasmodium, Haemoproteus,
Leucocytozoon, Atoxoplasma,
Trypanosoma, microfilaria 

Blood smear - Wright’s stain
(see Color 9)

Microfilaria, Trypanosoma PCV tube, inspect at blood
plasma interface using
microscope

Fecal sedimentation is used primarily for the detection
of fluke eggs that do not float in commonly used media.
Feces is mixed in a liquid soap-in-water solution (0.1 to
1%) and allowed to stand for five minutes without
centrifugation. The supernatant is gently removed and
the tube is refilled with soapy water and allowed to
stand for another five minutes. This procedure removes
particulate material and concentrates the fluke eggs. It
can also be used in place of flotation to detect eggs and
cysts but is more time-consuming and may not be as
sensitive as a flotation method.

GREINER’S TENETS FOR FECAL EXAMINATION44

1. Examine an adequate quantity (1 to 2 grams) of fresh feces.
Some nematode eggs will larvate if allowed to age, produc-
ing atypical eggs or larvae that are difficult to identify. Some
parasitic forms (trophozoites of Giardia for example) are
fragile and will perish if the sample is not examined imme-
diately.

2. Collect feces per cloaca or from nonabsorbent cage lining
such as waxed paper or aluminum foil. Using nonabsorbent
material to collect feces provides a moist sample of greater
volume when compared to scraping a sample off newsprint
or paper toweling. Samples collected from corn cob, wood
shavings or cat litter should not be considered diagnostic. 

3. Conduct the test that specifically demonstrates the parasite
that is most likely to be causing the clinical changes. Fluke
eggs cannot be demonstrated by flotation. Trophozoites of
Giardia and Trichomonas will be destroyed if placed into
saturated salt or sugar flotation solutions. Giardia trophozoi-
tes die in tap water and are best identified by using warm
saline or lactated Ringer’s solution as a diluent.

4. Examine each prepared sample completely and systemati-
cally. The low power objective (10x) should be used for
scanning. The high dry objective can be used to magnify
and examine a particular structure. Scan the coverslip be-
ginning at one corner and traversing the length of the
coverslip, then move the slide to the next field of view and
reverse the field of movement. Repeating this procedure
until the entire coverslip has been viewed will provide a
systematic examination of the total preparation and reduce
the likelihood of missing a parasite. Examine the entire slide
and do not stop when eggs of one kind have been identified.
Some helminths produce very few eggs that may not be
detected unless the entire slide is examined. 

5. Standardize procedures so that results are repeatable and
comparable. If a diagnostic technique is not standardized,
the results are of limited value. Egg counts are of little value
because there is no direct correlation between the number
of eggs per gram of feces and the number of adult parasites
present. Comparing egg counts between treated and un-
treated birds may provide some information on the effect of
an anthelmintic.
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A direct smear is best for detecting motile protozoan
trophozoites (Giardia, Trichomonas or Hexamita).
Samples are not diagnostic if they are more than 15
minutes old. Feces or tissue swabs are mixed with
LRS or normal saline (0.85% sodium chloride), not
tap water. The proper density of the preparation is
achieved when newsprint can be easily read through
the preparation. The microscope light should be ad-
justed to provide maximum contrast. The morphol-
ogy of the parasites may be confirmed by fixing feces
in polyvinyl alcohol and staining a slide preparation
with trichrome.

Blood films are used to detect avian hematozoa, in-
cluding microfilariae of filarial worms. Commonly
identified blood parasites include intracellular
stages of Plasmodium, Haemoproteus, Leucocytozoon
and “Atoxoplasma,” and extracellular stages of Try-
panosoma and microfilariae from various filarial
worms. Blood smears may be made on microscope
slides or on coverslips. Coverslips have the advan-
tage of being in view when mounted on slides and the
sample is protected from being wiped off the slide.
Giemsa or Wright’s/Giemsa staining procedures pro-
vide the best results and long lasting stain quality
(see Chapter 9). Alternatively, blood may be collected
in a hematocrit tube and centrifuged, and the
plasma/cell interface examined.

Arthropods collected for identification should be
fixed and stored in 70% ethanol. Larvae of myiasis-
causing flies should be killed by placing them briefly
in boiling water and then transferring them to 70%
ethanol. Mites, ticks, fleas and lice can be placed
directly into 70% alcohol. Arthropods may be re-
moved from the skin or feathers with forceps, or
those living under crusting skin can be collected by
scraping the encrusted area with a dull scalpel and
allowing the crusts to fall into a petri dish containing
70% ethanol. A dissecting microscope can be used to
demonstrate the mites. Arthropods present in the
choanal slit can be collected with a moistened cotton-
tipped swab.

Feather mites can be collected by placing the affected
feather in 70% ethanol. Quill mites (ones living in the
shaft of the feather) may be detected by microscopi-
cally examining the transparent portion of plucked
primary feathers or coverts. These parasites can be
recovered by slitting the shaft lengthwise and plac-
ing it in alcohol. Lice can be located by running a
finger through the feathers. Bird fleas can be manu-
ally removed. However the mouth parts of some
fleas, such as Echidnophaga, may remain attached

to the bird (see Color 8). Hippoboscid flies are flat-
tened, move rapidly under the feathers and are diffi-
cult to catch (Figure 36.1). The use of a pyrethrin-
based flea spray, designed for puppies and kittens, is
a safe and easy way to collect topical parasites from
birds. A minimal dose (one drop under each wing of a
cockatiel) is effective.

Diagnostic Stages Found in Birds

The following information is a review of the few
references on the partial or generic identification of
parasitic life stages passed by birds. Figures 36.2 to
36.4 illustrate fluke eggs that were detected from
sedimentation. Helminth eggs that were recovered
by flotation are shown in Figures 36.5 to 36.8. Fig-
ures 36.9 to 36.21 are nematodes eggs. Figure 36.22
is the egg of an acanthocephalan and Figure 36.23 is
a mite egg. Most mite eggs are large (100 µm) and
often contain a larva with jointed legs. Note all mite
eggs seen in fecals do not indicate acariasis as some
are normal grain mites being consumed in the bird’s
food. Figures 36.24 to 36.27 are coccidian oocysts that
have been sporulated. They would appear with a
granular spherical mass in the center of the oocyst
when passed in the feces, and must be sporulated to
determine the genus.

Diagnosis in Dead Birds

Any bird that dies should be necropsied and tissues
should be collected for histopathology. If parasites
are identified, they should be collected for classifica-
tion. Gross and histologic lesions should be corre-
lated with any recovered parasite to determine if the

FIG 36.1 Many of the biting and chewing flies that live in and on
the feathers of birds (such as this hippoboscidae) are flattened and
move quickly, making it difficult to collect them for identification.

SECTION FIVE DISEASE ETIOLOGIES

1010



FIG 36.2 Orchipedum egg from
Sandhill Crane, 77 x 45 µm, with
prominent operculum.

FIG 36.3 Strigeid egg from Bald
Eagle, 95 x 60 µm, with obvious
operculum.

FIG 36.4 Dicrocoelid egg from
macaw, 33 x 22 µm, with inap-
parent operculum and typical
dark brown coloration.

FIG 36.5 Raillietina tapeworm
egg packet from an African Grey
Parrot, clear halo, 223 x 193 µm,
several eggs each with onco-
sphere bound in a gelatinous
mass.

FIG 36.6 Tapeworm egg from
peafowl, 50 x 38 µm, note 2 of 3
pairs of oncosphere hooks in fo-
cus.

FIG 36.7 Tapeworm egg from
cockatiel, 74 x 68 µm, outer mem-
brane intact and most hooks on
oncosphere in focus.

FIG 36.8 Tapeworm egg (possi-
bly Pulluterina sp.) from uniden-
tified parrot, 62 x 26 µm, four of
six hooks on oncosphere in focus
and rectangular shell with dis-
tinctive shape of oncosphere.

FIG 36.9 Deletrocephalus egg
from rhea, 169 x 77 µm, very
large.

 

FIG 36.10 Codiostomum egg from
ostrich, 60 x 35 µm.

FIG 36.11 Trichostrongylus egg
from wild turkey, 67 x 37 µm.

FIG 36.12 Syngamus egg from
Barred Owl, 54 x 33 µm, note
shape and polar plugs.

FIG 36.13 Ascaridia egg from
macaw, 77 x 52 µm, smooth,
thick, ellipsoid shell.

FIG 36.14 Porrocaecum egg from
Bald Eagle, 66 x 55 µm, rough-
walled, subspherical shape.

FIG 36.15 Contracaecum egg
from pelican, 65 x 50 µm, smooth
egg wall and subspherical.

FIG 36.16 Habronema-like egg
from macaw, 57 x 22 µm, elon-
gate, larvated.

FIG 36.17 Spiruroid egg from
cockatiel, 35 x 22 µm, thick-
walled, symmetrical and lar-
vated.

Figures 36.2 through 36.27 courtesy of Ellis Greiner.
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organism is contributing to a specific set of clinical
changes (Figure 36.28).

It is always a good policy to contact the parasitologist
and request special submission instructions. Para-
sites for classification should be collected from each
affected organ, placed in separate containers and
fixed as discussed below. The host species, host iden-
tification number, location of parasite in the host and
date collected should be written in soft pencil on a
good quality white paper and included in the vial
with the specimens. Other useful information in-
cludes whether the bird was imported or captive-
raised, its duration in captivity and the number of
birds affected.

The complete gastrointestinal tract should be opened
lengthwise, section by section. In small birds, each
section of bowel may be opened in a series of petri
dishes containing water. In large birds, the bowel
contents should be washed through #40 and #100
standard sieves. The mucosa should be scraped to
free attached helminths, and the residue on the sieve
should be back-flushed into a dish and evaluated for
the presence of parasites. Detection and recovery of
helminths can also be accomplished by placing the
gut contents into one-liter flasks and allowing a sedi-
ment to form. This procedure is repeated until the
water remains clear. Parenchymous organs should be
sequentially sliced and evaluated for the presence of
helminths. The body cavities, air sacs and orbits of
the eyes should be examined grossly for worms. Skin
over swellings on the feet or legs should be excised,
and the area should be examined for the presence of
adult filarial worms. All recoverable parasites should
be collected to maximize the information that can be
ascertained from the infection.

Nematodes should be placed briefly in full-strength
glacial acetic acid or hot 70% ethanol. This process
should kill and fix the nematodes in a straight, un-
coiled manner. They should then be transferred into
glycerin alcohol (9.0 parts 70% ethanol and 1.0 part
glycerin) for storage.

FIG 36.18 Capillaria egg from
Bald Eagle, 62 x 29 µm, bipolar
plugs and pitted wall.

FIG 36.19 Capillaria egg from
Barred Owl, 59 x 29 µm.

FIG 36.20 Capillaria egg from
Great Horned Owl, 64 x 36 µm.

FIG 36.21 Capillaria egg from
pigeon, 52 x 31 µm.

FIG 36.22 Centrorhynchus egg
(an acanthocephalan), 58 x 23
µm, laminated-appearing egg
with central larva (acanthor).

FIG 36.23 Mite egg from pea-
fowl, 157 x 134 µm.

FIG 36.24 Eimeria oocyst from
Blue-fronted Amazon, 47 x 25
µm, note the 4 sporocysts each
with two sporozoites.

FIG 36.25 Eimeria forresteri oo-
cyst from Toco Toucan, 23 x 18
µm, same sporocysts arrange-
ment as Figure 36.24.

FIG 36.26 Isospora oocyst from
House Sparrow, 25 x 25 µm, note
2 sporocysts each with four sporo-
zoites.

FIG 36.27 Caryospora oocyst
from Red-shouldered Hawk, 36 x
31 µm, note single sporocyst and
eight sporozoites.
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Cestodes should be relaxed in tap water in a refrig-
erator for two to four hours and then fixed in AFA (8.5
parts 70% ethanol, 1.0 part full strength formalin
and 0.5 part glacial acetic acid). The parasites col-
lected should have an intact scolex (holdfast), which
is important in tapeworm identification.

Trematodes should be relaxed by placing them in tap
water in the refrigerator for 30 to 60 minutes. Thin-
bodied flukes should be placed into AFA. Thick-
bodied flukes should be gently held in place between
two glass microscope slides while AFA is instilled
between the slides. After a few minutes, the top slide
is removed.

Acanthocephalans should be gently removed from
the gut wall to prevent rupture of the parasite, which
will destroy the hydraulic system that extends the
proboscis (making identification of the parasite
nearly impossible). Acanthocephalans may lose their
torpor and detach from the gut wall when the host
dies. They may then resemble a yellowish to whitish,
short, wrinkled tapeworm. Placing the parasite into
tap water overnight in a refrigerator may cause the
proboscis to extend, at which point the parasite is
fixed in AFA.

A fecal examination should be performed at necropsy
so that eggs detected by fecal flotation or sedimenta-
tion can be compared to the eggs in the adult worms.

Clinically
Significant Parasites

Protozoa

The single-celled parasites include the malarial
parasites (Plasmodium spp.) and their relatives
(Haemoproteus spp. and Leucocytozoon spp.), the coc-
cidians (Eimeria, Isospora, Sarcocystis and
Toxoplasma), the microsporidians (Encephalitozoon)
and flagellates in the gastrointestinal tract (Giardia,
Trichomonas and Hexamita) and the peripheral cir-
culation (Trypanosoma) (Table 36.5).

Gastrointestinal Flagellates
Protozoans with flagella that reside in the gastroin-
testinal tract of psittacine birds include Trichomonas
gallinae, Hexamita and Giardia spp.

Trichomonas: Trichomonads do not require an inter-
mediate host or vector and are transmitted through
direct contact or through ingestion of contaminated
water or food. Infected adults can transmit the para-
site to their chicks during feeding activities. Parental
feeding of young is an effective method of parasite
transmission. There is no resistant cyst form, and
only the motile trophozoite has been described. This
extracellular parasite measures 8 to 14 µm in length
(may vary in different host species), has four free
anterior flagella and possesses an undulating mem-
brane that creates a wave-like appearance along the
cell surface. It moves in a jerky manner and the body
diameter remains constant as it moves.

Depending on the species, infections may be localized
in the mouth, oropharynx, esophagus, crop and tra-
chea, or the pulmonary and hepatic tissues can be
invaded. Pathogenic strains cause inflammation and
white plaques on the gastrointestinal mucosa or ne-
crosis with an accumulation of cheesy material that
might occlude the esophagus and trachea. Over-
crowding and poor hygiene may potentiate infections
in individual birds as well as increasing the incidence
of disease in a flock. Infections in young birds are
generally associated with poor growth and high mor-
tality. In adult birds, infections are usually charac-
terized by emaciation, dyspnea or vomiting. A patho-
genic strain caused the death of all ages of naive
pigeons four to 18 days after infection. Blue-fronted
Amazon Parrots, cockatiels and budgerigars are

FIG 36.28 An adult African Grey Parrot was presented with a
two-week history of progressive diarrhea. The bird was emaciated
and dehydrated and had dried excrement around the vent. The bird
did not respond to supportive care and died several hours after
presentation. Tapeworms (arrows) were identified in the intestinal
tract. Note the dark (hemorrhagic) bowel loops.
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known to be susceptible.40,54,79,104 Trichomoniasis is
particularly common in pigeons and raptors (frounce)
(see Chapter 8). Pathogenic and nonpathogenic
strains of T. gallinae have been described in pigeons;
thus, not all infections may be a threat to the host.
Feeding pigeons to captive raptors (especially species
that do not normally eat pigeons such as eagles and
large hawks) may result in the transmission of
Trichomonas. Advanced cases with large necrotic
masses are difficult to treat and generally have a
poor prognosis (see Chapter 19).

Giardia: The Giardia sp. recovered from budgeri-
gars appears to be morphologically distinct from
those found in other animals and has been identified
as G. psittaci.31 Most reports of giardiasis in psittac-
ine birds involve budgerigars, cockatiels, lovebirds
and Grey-cheeked Parakeets. Rarely, infections may
be detected in Amazon parrots, conures, cockatoos,
macaws, toucans, Galliformes and Anserifor-
mes.15,38,97 Giardia has not been reported in finches or
canaries.

Giardia sp. is commonly found in the feces of asymp-
tomatic adult budgerigars and cockatiels, suggesting
an asymptomatic carrier state (see Color 8). In a
group of 77 parakeets from several sources, 66% of
the birds were found to be shedding Giardia.84 In
another study, 70% of cockatiels, 55% of budgerigars,
25% of lovebirds, 5% of Grey-cheeked Parakeets and
less than 5% of other psittacine birds were found to
be shedding giardia. Asymptomatic birds may inter-
mittently shed the parasite.84

Psittacine birds with giardiasis may be asympto-
matic, or the birds may exhibit signs of loose, mal-
odorous stools, mucoid diarrhea, debilitation, gram-
negative enteritis, anorexia, depression, recurrent
yeast infections, eosinophilia and hypoproteinemia.
Dry skin and feather picking, particularly in the
carpal-metacarpal, flank, axilla and lower leg areas,
has been described as a clinical sign of giardiasis in
budgerigars and cockatiels (see Chapter 24). Giardi-
asis can cause poor growth and high mortality in
budgerigar and cockatiel neonates. Mortality rates of
20 to 50% have been described in some infected budg-
erigar flocks.84

In mammals, Giardia is frequently considered an
opportunistic pathogen that requires an immuno-
compromised host. The role that the immune system
plays in preventing a bird from developing giardiasis
has not been determined. However, many clinically
affected psittacine birds are fed marginal diets, are
maintained in overcrowded, hygienically unsound

conditions or are heavily inbred. Birds that recover
from an infection are susceptible to re-infection indi-
cating that a long-lasting protective immune re-
sponse does not occur with infection.

Giardia spp. have a motile trophozoite and a cyst
stage that can be identified in the feces or from
mucosal scrapings collected at necropsy (Figure
36.29). Direct transmission occurs following the in-
gestion of food contaminated with feces from infected
birds. The environmentally stable cysts can serve as
a source of infection to other hosts. Giardia tropho-
zoites are not stable outside of the host.

Cytologic preparations must be examined within ten
minutes of collection or trophozoites may not be rec-
ognized. False-negative results are common if the
feces is over ten minutes old when it is examined.
Trophozoites are flat and move in a smooth rolling
manner. If a fecal sample cannot be examined imme-
diately, it should be fixed in polyvinyl alcohol for
trichrome staining.

Multiple, fresh, direct fecal smears stained with car-
bol fuchsin (one minute) or iodine may help in detect-
ing trophozoites (see Color 8). Flotation techniques
with zinc sulfate may improve the accuracy of a

FIG 36.29 Electronmicroscopic view of giardia attached to the
mucosal lining of the intestine (courtesy of Kenneth Latimer).
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diagnosis. Trophozoites can range from 10 to 20 µm
in length and 5 to 15 µm in width, depending on the
host or type of fixation. The trophozoites have eight
paired flagella (including an anterior and trailing
posterior pair), two nuclei and a sucking disc that
occupies most of the rounded end. The trophozoites
attach to the surface of the villi in the small intestine.
The sucking disc may be seen if the light is adjusted
to maximize contrast. Cysts are believed to be inter-
mittently shed in the feces, and multiple samples
must be examined before considering that a bird is
uninfected. The cysts measure 10-14 µm x 8-10 µm
and contain four nuclei and fibrillar structures.
ELISA tests have been developed to detect Giardia
spp. in humans, but their efficacy for use in birds has
not been evaluated.

Keeping the aviary as clean and dry as possible will
reduce the viability and number of cysts available for
transmission. Relapses are common after treatment
either from endogenous parasites that are not de-
stroyed or from reinfection from exposure to environ-
mental reservoirs. Contaminated water supplies
have been discussed as a method of repeated expo-
sure of mammals to Giardia and may serve as a
source of infection in birds. Giardia cysts survive the
standard chlorination of water. Giardia appear to be
limited in host range, and species isolated from birds
have not been found to be infectious in mammals.

Hexamita: Hexamita sp. has been detected in emaci-
ated Splendid Grass Parakeets and cockatiels and
can cause loose stool and weight loss.51 This genus has
a trophozoite with eight flagella and two nuclei as
does Giardia, but it lacks the sucking disc and is often
truncated in appearance. Cysts are probably the in-
fectious form. Generally, Hexamita is smaller than
Giardia, swims in a smooth linear fashion and may
be associated with chronic diarrhea. Hexamita has
been described as a cause of disease in lories. Dem-
onstration of the parasite is common in asymptomatic
pigeon feces and does not appear to cause a problem
unless the birds are maintained in poor condition.

Histomonas: Histomoniasis is common in gallina-
ceous birds. The induced disease is called blackhead
and is caused by a flagellated protozoan parasite
(Histomonas meleagridis) (see Color 20). In some
birds, this parasite is considered a major pathogen
while in other birds it is considered an incidental
finding. When lesions occur, they generally include
hepatomegaly (with necrosis) and ascites. Histo-
monads have also been described in the liver of sev-
eral non-gallinaceous birds.

Most infections occur following the ingestion of in-
fected embryonated eggs of the cecal worm Heterakis
gallinarum. The histomonas are released from the
larvae and invade the wall of the cecum where they
may cause ulceration or small nodules. Parasites in
the liver can cause severe hepatocellular necrosis.30

Coccidia
Coccidian parasites include a variety of life styles
and means of transmission. Oocysts of most genera
are passed unsporulated. They are typically less than
45  µm in length, contain a granular-appearing
spherical body (sporoblast) and may be round, ellip-
soid or ovoid. There may be a thinning of the wall (the
micropyle), and if the micropyle is present, it may
have a cap. The wall may be smooth, mammillated or
pitted and colorless to dark brown. 

Coccidia are common in mynahs, toucans, pigeons,
canaries, finches and lories (Figures 36.24, 36.27). By
comparison, infections are rare in captive Amazon
parrots. Infections in mynahs and toucans rarely
cause clinical changes unless the birds are main-
tained in crowded, unsanitary conditions. Clinical
disease is occasionally seen in canaries and finches.
Coccidiosis is a major cause of enteritis in Columbi-
formes and Galliformes.

Eimeria and Isospora: Two species of Eimeria and
one of Isospora have been described in psittacines
(see Figure 36.24). Eimeria dunsingi oocysts are
ovoid, lack a micropyle and are 26-39 x 22-28 µm. E.
haematodi has broad ovoid oocysts with a large mi-
cropyle and measures 25-40 x 21- 35 µm.108 Isospora
psittaculae are round to broadly elliptical and meas-
ure 29-33 x 24-29 µm (see Figure 36.26). Sporulated
oocysts of Eimeria are subdivided into four sporocysts
each with two sporozoites, whereas with Isospora, the
oocysts have two sporocysts each with four sporozoi-
tes. Eimeria and Isospora have direct life cycles.
Isospora canaria completes its life cycle in the intes-
tines. E. dunsingi has been discussed as being patho-
genic, but support for this claim is lacking. In general,
some cases of coccidiosis are associated with severe
clinical disease, while other birds will pass numerous
oocysts in the feces and remain asymptomatic. 

Isospora is most common in Passeriformes, Psittaci-
formes and Piciformes, and Eimeria is most common
in Galliformes and Columbiformes. Infected birds
may be asymptomatic or develop clinical signs of
melena, depression, diarrhea, anorexia and death.
Direct transmission occurs through ingestion of fecal-
contaminated food or water. 
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Atoxoplasma: Atoxoplasma spp. may cause disease
in canaries and other Passeriformes. Adults are gen-
erally asymptomatic carriers that shed oocysts in the
feces. Prevalence can be high in young birds during
fledging. The Atoxoplasma sp. found in House Spar-
rows was not found to be infectious to canaries, indi-
cating a degree of host specificity.16,17

Mortality can approach 80% in juvenile birds be-
tween two and nine months of age.28 Clinical signs
are nonspecific including depression, anorexia and
diarrhea. Birds less than a year of age are most likely
to develop clinical changes.36,85 Clinical signs may
occur in birds that are or are not shedding oocysts in
the feces. An enlarged liver and dilated bowel loops
can occasionally be observed through the transpar-
ent skin (see Color 20). With severe infections, zoite
forms of the parasite may be demonstrated in lym-
phocytes using Romanowsky staining methods (see
Color 9).36

Atoxoplasma serini has an asexual reproductive cycle
in the mononuclear cells, and spreads through the
blood to parenchymal organs where it infects reticu-
loendothelial and intestinal epithelial cells.
Atoxoplasma spp. may be diagnosed by finding 20.1
x 19.2 µm oocysts in the feces or by demonstrating
reddish intracytoplasmic inclusion bodies in
mononuclear cells (Giemsa stain). Staining a buffy
coat may improve the diagnostic sensitivity of blood
smears. Transmission is direct through ingestion of
contaminated feces. Canaries have been found to
shed for eight months following infection.36 Infected
birds can intermittently shed large numbers of oo-
cysts. Coccidial oocysts are environmentally stable
and are not killed by most disinfectants.85

In a group of infected canaries, atoxoplasmosis could
be identified in impression smears of the heart, liver
and pancreas using Giemsa stain. Atoxoplasmosis
was the cause of death in two young Bali Mynahs.
Oocysts were identified in the feces from young and
adult birds in the affected group. Gross lesions in the
mynahs included pinpoint white foci in the liver,
splenomegaly, a swollen pale nodular pancreas and
pericardial effusion (see Color 20).85

No effective therapy for atoxoplasmosis has been
described, but primaquine has been suggested to
suppress the tissue form of the parasite, and sul-
fachlor-pyrazine may decrease oocyst shedding.
Atoxoplasma infections may persist for over four
months, while Isospora infections are usually re-
solved within several weeks.36

Cryptosporidium: Cryptosporidium are spheroid-to-
ovoid protozoa that infect and may cause disease in
the mucosal epithelial cells lining the gastrointesti-
nal, respiratory and urinary tracts of birds.3,42,67 Cryp-
tosporidium develop intracellularly at an extracyto-
plasmic location on the apical surface of epithelial
cells. This is in contrast to other coccidia, which
replicate in the cytoplasm.70 Cryptosporidium oocysts
are the smallest of any coccidia, usually measure 4 to
8 µm in diameter and contain four naked sporozoites.

Cryptosporidiosis has been documented in Gallifor-
mes, Anseriformes, Psittaciformes, ostriches, canar-
ies and finches (Table 36.4). Limited data suggest
that cryptosporidial infections may be transmitted
among closely related species, which should be con-
sidered when managing this coccidia in a collection.
In the respiratory tract, Cryptosporidium may in-
hibit normal function of the mucociliary elevator, and
have been associated with depression, anorexia,
rhinitis, conjunctivitis, sinusitis, tracheitis, air sac-
culitis, coughing, sneezing and dyspnea in gallina-
ceous birds, ducks, geese and budgerigars. At ne-
cropsy, there may be an excessive amount of mucus
in the respiratory tree.42 

TABLE 36.4  Location of Cryptosporidiosis Lesions by Species

Respiratory
Tract

GI
Tract

Urinary
Tract

Chickens x x x

Ducks x

Turkeys x x

Peafowl x

Pheasants x

Quail x x

Junglefowl x x

Geese x

Psittaciformes x

Finches x

In the GI tract, Cryptosporidium may infect the sali-
vary glands, intestines, colon, cloaca and cloacal
bursa, resulting in enteritis (diarrhea) in gallina-
ceous birds, Amazon parrots, budgerigars, macaws,
cockatiels, lovebirds and cockatoos.10,29,42 Postmortem
findings with gastrointestinal cryptosporidiosis may
include dilated intestines containing yellowish fluid
and blunting fusion and atrophy of intestinal villi.10

Cryptosporidiosis caused cuboidal metaplasia of
glandular epithelium in the proventriculus in a finch
that died following an acute onset of diarrhea.13 Proven-
tricular lesions have also been described in in-
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fected canaries.107 Cryptosporidial renal disease has
been described in gallinaceous birds and finches. The
kidneys of both birds were enlarged and pale.42,68

In some cases Cryptosporidium is considered a pri-
mary pathogen; however, in most situations it is
considered to cause severe infections only in immu-
nocompromised hosts. Suggestive of the opportunis-
tic nature of Cryptosporidium was the detection of
the parasite in four cockatoos with PBFD virus. In
three birds, the parasite remained localized to the
epithelium of the cloacal bursa. In the other bird,
Cryptosporidium was present throughout the large
intestines, small intestines and bursa (see Figure
32.16).65

Cryptosporidium sp. was identified by Sheather’s
flotation in 14 of 165 (8.5%) adult ostriches in a
quarantine station. The number of parasites varied
from a few to several million per gram of feces. There
were no clinical signs in any of the birds in which
Cryptosporidium was identified. Cryptosporidium
recovered from the ostriches was not infectious to
two-day-old chickens inoculated orally. None of the
birds in this study had clinical signs of infection, but
the possibility exists that Cryptosporidium could
cause problems in young or immunocompromised
birds.39 

This coccidian parasite can be transmitted through
the ingestion or inhalation of sporulated oocysts. The
life cycle is direct. Cryptosporidium undergoes endo-
genous sporulation resulting in autoinfection in the
parasitized host. As few as 100 oocysts can induce
severe enteritis and diarrhea in experimentally in-
fected Bobwhite Quail in the company of reovirus.50 

Cryptosporidium spp. are sporulated when shed in
the feces so the frequent cleaning regimes that are
used to control other coccidia are ineffective in pre-
venting exposure to cryptosporidial oocysts. Crypto-
sporidium is resistant to many disinfectants. Formal
saline (10%), ammonia (5%) and heating to 65°C for
30 minutes have been suggested as effective control
measures for Cryptosporidium.105

The small size of the organism (4 to 6 µm) and low
shedding rate make diagnosis of infection difficult.
Diagnosis can be improved by centrifuging diluted
feces in a high-concentration salt solution or using
Sheather’s flotation. Fecal smears stained with
Giemsa, carbofuschin or PA Schift stains may be used
to demonstrate oocysts. With modified acid-fast
stain, Cryptosporidium stains pink against a blue
background. Cryptosporidium oocysts were identi-

fied in the feces of budgerigars, parrots and macaws
using Auramine 0.66 

Cryptosporidium spp. that infect birds are different
from the species that infect mammals and there is no
known zoonotic potential.

Toxoplasma: Toxoplasma is a coccidian parasite
with an indirect life cycle. Toxoplasmosis, causing
fatal infections in most species, has been documented
in the Red Lory, Swainson’s Lorikeet, Regent Parrot,
Superb Parrot and Crimson Rosella.52,57 Toxoplasma
gondii is considered a ubiquitous organism with a
broad host range, and probably could infect any mam-
malian or avian host. Oocysts produced and passed
in the feces of infected cats would be the only source
of infection to psittacine birds. Infections may cause
congestion and consolidation of the lungs, hepa-
tomegaly, vasculitis and necrotic foci in the lungs,
liver and heart.57

Sarcocystis: Sarcocystis is a coccidian parasite that
undergoes sexual multiplication in the intestine of a
definitive host. Sarcocystis falcatula appears to be
restricted to North America and has been associated
with acute deaths in a variety of psittacine species.
The pathogenicity of sarcocystosis in psittacine birds
appears to depend on the species of bird and the
infective dose of the parasite.18 Severe life-threaten-
ing infections are most common in Old World Psit-
taciformes although neonates of New World species
may also die following infection. Adult New World
Psittaciformes appear to be relatively resistant (Ta-
ble 36.5). The susceptibility of Old World Psittacifor-
mes and resistance of New World Psittaciformes may
reflect a lack of immunity in the former because the
definitive host (and presumably the parasite) are not
found in the Old World. Infections appear to be more
common in the winter months and males appear to
be more susceptible than females. There is no appar-
ent age resistance and a bird over 33 years of age died
in one outbreak.23,24,56,82

TABLE 36.5  Psittacines Confirmed Susceptible to Sarcocystis

African Grey Parrot
Amazon parrots
Blue and Gold Macaw
Budgerigar
Cockatiel
Cockatoo
Conures (Halfmoon, Patagonian)
Eclectus Parrot
Great-billed Parrot
Green Rosella
Lories (Red)

Military Macaw
Pesquet’s Parrot
Port Lincoln Parrot
Princess Parrot
Red-capped Parrot
Red Shining Parrot
Thick-billed Parrot
White-crowned Pionus
Tori Parakeet

CHAPTER 36 PARASITES

1017



Infections are usually peracute; birds may appear
normal and healthy one day and be dead the next.
Experimentally infected cockatoos were found to die
10 to 14 days after oral inoculation. If clinical signs
occur prior to death, they are characterized by severe
dyspnea, yellow-pigmented urates and lethargy. In-
fected birds have been found to have high LDH and
AST enzyme activities.23,24 

Pulmonary edema with hemorrhage is the most con-
sistent sign in birds that die acutely (see Color 22).
Splenomegaly and hepatomegaly also are common
(see Color 14). Histopathologic findings include dif-
fuse interstitial and exudative pneumonia, reticu-
loendothelial cell hyperplasia and  schizonts or mero-
zoites in the capillary endothelium. The lung is the
tissue of choice for diagnosis where schizonts may be
noted.24,58 Rarely, schizonts may be identified in the
brain of birds with CNS signs.56,59 Generally, psittacine
birds die before sarcocysts develop in the muscles.

The two-host replication cycle of S. falcatula involves
sexual reproduction and sporogony in the intestines
of the definitive host (opossum) with passage of infec-
tious sporulated oocysts or sporocysts in the feces.
Following ingestion of the sporocysts, asexual repro-

duction with schizogony and sarcocyst formation oc-
cur in the intermediate host (psittacine birds).101 The
ingested sporozoites invade intestinal mucosa fol-
lowed by infection of numerous tissues and schizo-
gony in the reticuloendothelial cells, particularly in
the lungs. Asexual reproduction then occurs in the
walls of arterioles (first cycle) and capillary and
venule walls (second cycle). These replication cycles
can cause occlusion of the affected vessels resulting
in the fatal lesions characteristic of infections in Old
World Psittaciformes.

In a normal infectivity cycle, the intermediate host
survives schizogony in the vascular endothelium and
mature cysts containing bradyzoites are sub-
sequently formed in striated (skeletal or cardiac)
muscles. In Old World Psittaciformes, infections usu-
ally cause fatal vascular changes before cysts are
formed. Schizogony in the vascular endothelium of
experimentally infected budgerigars was found to
cause death by occlusion of the vessels secondary to
endothelial hypertrophy, schizont formation and en-
dophlebitis.

In adult New World Psittaciformes, the merozoites
produced through asexual reproduction are trans-

TABLE 36.6  Blood Parasites

Blood Parasite Location Some Susceptible Species Intermediate Host Clinical Changes

Haemoproteus Gametocyte in erythrocytes,
schizonts in endothelial cells

Anseriformes, Passeriformes,
raptors, cockatoos,
Columbiformes

Culicoides, louse
flies

Rare; anemia (severe
infections), reduced stamina in
pigeons

Microfilaria Adults in air sacs, fascial
planes, tendon sheaths,
pericardial sac

Psittaciformes, raptors Culicoides, black
flies, some lice,
mosquitoes

Generally apathogenic, adults
(tendinitis in Amazons),
Pericarditis in cockatoos,
Asphyxiation from occluded
capillaries

Trypanosomes Extracellular in blood Passeriformes (esp. canaries),
Galliformes, Anseriformes,
Columbiformes, some
Psittaciformes

Louse flies,
mosquitoes,
black flies

Minimal pathogenicity

Leucocytozoon Gametocytes in leukocytes or
red blood cells

Anseriformes, Galliformes,
Passeriformes, Psittaciformes

Black flies, 
Culicoides

Anemia, dyspnea, death (with
some species)

Plasmodium Gametocytes, trophozoites,
schizonts in erythrocytes or its
precursors

canaries, penguins, Galliformes,
Anseriformes, Columbiformes,
Psittaciformes

Passeriformes (carriers) Mosquitoes

Anemia, dyspnea, weakness,
anorexia, death

Asymptomatic, vomiting,
anorexia, depression

Atoxoplasma Sporozoites in lymphocytes
and monocytes; schizonts,
oocysts, gametocytes in
internal organs

Passeriformes None Depression, hepatomegaly,
diarrhea

Babesia Erythrocytes Ticks Non-pathogenic
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ported via the circulatory system to striated muscles
where they undergo further reproduction in sarco-
cysts (270 x 37 µm). Old World psittacines that sur-
vive schizogony in the endothelium of the lungs have
been found to develop cysts ten weeks post-infec-
tion.18 Sarcocystis also infects Passeriformes and Co-
lumbiformes, where cockroaches and flies can serve
as transport hosts.

Psittacine birds in outdoor facilities throughout the
range of the opossum are at risk. Infected opossums
can shed sporocysts in the feces for 100 days. Cock-
roaches can serve as transport hosts by eating in-
fected opossum feces and being consumed by suscep-
tible birds.24,56,100 Prevention requires fencing to
prevent access of opossums to the aviary. Flightless
chickens have been suggested as a method of control-
ling cockroaches within a compound (see Chapter 2).

Sarcocystis was responsible for the deaths of 37 Old
World Psittaciformes in a zoologic collection over a
15-month period. Lories, cockatoos, Pesquet’s Parrot,
Port Lincoln Parrot, lorikeets, Princess Parrot and
rosellas were included in the affected group. About
half of the birds developed clinical signs prior to
death, while the other birds died with no premoni-
tory signs. When clinical signs occurred, they in-
cluded anorexia, diarrhea, weakness, tachypnea,
ataxia, posterior paresis, head tilt and dyspnea prior
to death. Some birds had clinical signs that lasted
several hours while others had clinical signs that
progressed over a 52-day period. Characteristic ne-
cropsy findings included pulmonary hemorrhage,
spleno-megaly and hepatomegaly.56 

In a zoologic collection, five Eclectus Parrots and four
Hispaniolan Amazon Parrots were diagnosed with
sarcocystosis over a six-month period. Four of the
Eclectus and two of the Amazon parrots died. Eleva-
tions in CPK, AST and LDH enzyme activities were
noted in all the affected birds. Clinical signs included
weakness, dyspnea and blood in the oral cavity. Af-
fected birds died one to 36 hours after presentation.
Radiographic findings indicated an increased lung
field density, hepatomegaly, splenomegaly and reno-
megaly. Some birds that were only slightly lethargic
and had no other clinical signs survived following
treatment with 0.5 mg/kg pyrimethanamine PO BID
and 30 mg/kg trimethoprim-sulfadiazine IM BID for
30 days. The surviving birds responded to therapy
with improved attitude, appetite and decreased se-
rum enzyme activity. Muscle biopsies after treatment
revealed multifocal myositis and sarcocysts, indicat-

ing that the birds had survived the schizogony phase
of the infection allowing muscle cysts to form.81

Encephalitozoon sp. is a microsporidian parasite
with a broad host range that includes mammals and
birds. This parasite has complex spores measuring
1.5 x 1.0 µm and containing a coiled polar filament.
The latter will be seen only with the aid of electron
microscopy. Lovebirds of the genus Agapornis are
frequently infected,93 but an Amazon parrot with a
microsporidian infection has also been reported.69,90

The spores were documented in kidney tubules, lung,
liver and the lamina propria of the small intestine.69,89

Few birds have been reported with this parasite and
all cases were detected at necropsy. One report gave
the details of a die-off of 140 lovebirds in Great
Britain in which the birds were moved to a different
facility, stopped eating and lost condition.

An infected Amazon parrot developed progressive
anorexia, weight loss, respiratory disease and diar-
rhea over a one-month period. Postmortem findings
included pale, swollen kidneys and an enlarged, mot-
tled liver. Kidney tubular epithelial cells were filled
with tiny spores, as were epithelial cells in the liver
and small intestine. Histologic changes were charac-
terized by multifocal nephritis, hepatitis and enteritis.

Hemoparasites
Haemosporidian parasites have been detected in
parrots being imported into England and Ja-
pan.78,86,88 Haemoproteus was commonly seen in im-
ported Psittaciformes12,96 and  Haemoproteus and
Leucocytozoon were detected in free-ranging birds in
southeast Asia.71 It is unknown what role, if any, that
flies indigenous to North America could play in trans-
mitting the species of Haemoproteus or Leucocyto-
zoon that occur in birds from other geographic re-
gions. The sexual phase and a form of asexual
reproduction occur in biting flies, resulting in the
production of sporozoites that localize in the salivary
glands and are inoculated into the avian host. Asex-
ual reproduction also occurs in an infected bird. 

Haemoproteus: Under normal circumstances, spe-
cies of Haemoproteus are considered nonpathogenic
and a few species of Leucocytozoon and Plasmodium
are considered pathogenic. If clinical signs occur, they
are associated with anemia, splenomegaly, hepa-
tomegaly and pulmonary edema. The lymphoid-
macrophage system becomes hyperplastic. High
parasitemias of apathogenic Haemoproteus and Leu-
cocytozoon can cause clinical problems if a bird is
stressed or immunosuppressed. Racing pigeons in-
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fected with H. columbae are frequently discussed as
performing poorly in comparison to uninfected birds.

Haemoproteus spp. are the most commonly occurring
avian blood parasite; they use Culicoides (biting
midges or punkies) or louse flies as vectors. In some
studies, up to 50% of recently imported cockatoos
were found to be positive. In contrast, only 5% of
long-term captive cockatoos were found to have
Haemoproteus.25 In a survey of 81 African Grey Par-
rots, 5.7 % had Haemoproteus.96 Most infected birds
are subclinical but severe infections in stressed birds
may lead to life-threatening anemia. Infections may
be potentiated by concurrent disease or stress.

H. handai gametocytes completely encircle the red
blood cell nucleus.12 Initial parasite development oc-
curs in endothelial or skeletal muscle cells followed
by the production of pigmented gametocytes in RBCs
(see Color 9). Some European dieoffs of psittacine
birds that were attributed to Leucocytozoon were
probably caused by Haemoproteus. In Roseate Para-
keets infected with sporozoites of H. handai, large
schizonts developed in the skeletal muscles.73 In an-
other study with H. meleagridis in turkeys, it was
demonstrated that development of large schizonts
occurred following inoculation of sporozoites.5 

Leucocytozoon: Leucocytozoon spp. use Simuliidae
(black flies) as vectors. Initial development occurs in
the liver and spleen followed by the development of
unpigmented gametocytes in white blood cells or
RBCs, depending upon the species (see Color 9).
Infected host cells are distorted beyond recognition.
Although there have been occasional reports of Leu-
cocytozoon on blood films taken from psittacine birds,
much of the emphasis on this genus in the European
literature is based on finding megaloschizonts in
muscles of birds that have presumably died as a
result of the infection.41,103 No one has reported blood
stages that are more definitive for generic identifica-
tion, although the birds may have died prior to the
development of gametocytes. These deaths probably
resulted due to infections of Haemoproteus, not Leu-
cocytozoon.

Leucocytozoon has a seasonal incidence in the wild
with parasitemia being highest in the spring. Follow-
ing infection, high numbers of the parasite may be
detected in the blood within four to nine days. The
parasite produces an anti-erythrocytic factor, which
causes intravascular hemolysis and anemia, the
principal clinical sign. Leucocytozoon is highly patho-
genic in young Anseriformes and Galliformes.45 Fatal
infections have been described in budgerigars. Hepa-

tomegaly, splenomegaly, pulmonary congestion and
pericardial effusion are the most characteristic gross
findings. Pyrimethamine has been suggested for
treatment.

Plasmodium: Plasmodium spp. use mosquitoes as
vectors. Initial parasite development occurs in the
avian reticuloendothelial system followed by the de-
velopment of pigmented schizonts and gametocytes
in the erythrocytes (RBCs) (see Color 9). Schizogony
occurs in the erythrocytes, which means that blood-
to-blood transfer, without an intermediate host, can
result in an infection.

Plasmodium spp. have been described in a number of
companion and aviary birds. Species of Plasmodium
are most likely to occur in an avicultural setting
because it has the widest host range of all the
haemosporidian parasites. Apathogenic strains of
Plasmodium may cause asymptomatic infections in
cockatoos and passerine birds. Some Passeriformes
serve as asymptomatic carriers. Some strains of
Plasmodium are highly pathogenic in canaries, pen-
guins, Galliformes, Anseriformes, Columbiformes
and falcons. Clinical signs are most common in re-
cently infected birds and are characterized by ano-
rexia, depression, vomiting and dyspnea for a few
hours or days prior to death. In penguins, depression,
anemia, vomiting, seizures and high levels of mortal-
ity may be noted.34 Nonpathogenic strains of Plasmo-
dium have also been described in many of these same
avian orders.

Six species of Plasmodium and one of Haemoproteus
have been reported from Psittacidae.11 P. relictum is
a large species that is round as both gametocytes and
schizonts (8 to 24 merozoites) and displaces the RBC
nucleus toward the pole. P. nucleophilum is a small
form with elongate, amoeboid gametocytes, which
along with small schizonts (4 to 8 merozoites), tightly
adhere to the RBC nucleus. P. vaughani is another
small species with amoeboid gametocytes; the mero-
zoites (4 to 8 per schizont) of schizonts appear to lack
cytoplasm, and neither stage clings to the RBC nu-
cleus. P. dissanaike has larger elongate gametocytes
that fill the lateral cytoplasm of the RBC and its
small schizonts (4 to 12 merozoites) may adhere to
the RBC nucleus. P. circumflexum has large hal-
teridial gametocytes that usually wrap around the
ends of the host cell nucleus and fill most of the RBC
cytoplasm. Its schizonts are larger than the RBC
nucleus and contain 6 to 30 merozoites, which are
arranged in a halter around the RBC nucleus. P.
polare has variable gametocytes, but they often are
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halteridial or at least the length of the RBC. The
schizonts are usually in a polar position and are
irregular, round or fan-shaped with 8 to 14 merozoites.

Trypanosoma: Trypanosoma johnbakeri is an ex-
tracellular, flagellated blood parasite that is trans-
mitted by a biting midge and has been demonstrated
in Roseate Parakeets, but has not been associated
with clinical signs.74 In one study, trypanosomes were
identified in 14% of imported Hyacinth Macaws, and
20% of imported Green-winged Macaws examined.25

Helminths

Flatworms 
Flatworms include digenetic flukes and tapeworms.
Flukes found in psittacine birds may reside in the
liver (Platynosomum, Lyperosomum, Dicrocoelium
and Brachylecithum) or in the blood vasculature (a
schistosome believed to be Gigantobilharzia). Tape-
worms live in the small intestine (Triuterina,
Biporouterina, Cotugnia and Raillietina). 

Flukes: Flukes living in the bile ducts are members
of the family Dicrocoelidae. All of the cases reported
in North America have probably occurred in imported
birds (Old World species) that were infected by en-
demic species in their country of origin. Birds may be
infected by eating an arthropod, which serves as a
second intermediate host. Liver flukes have rarely
been demonstrated in New World Psittaciformes,
even though there are a number of genera that occur
in North American avifauna. Clinical changes asso-
ciated with liver fluke infections include hepa-
tomegaly, depression, anorexia, mild anemia, weight
loss, diarrhea, hepatic necrosis, elevated liver en-
zymes and death.61,64,92 There is a single case reported
of a schistosome in a Nanday Conure that died after
showing weight loss, anorexia and blood-tinged diar-
rhea.48 Histologic evidence of colitis and cloacitis was
present along with an epithelial hyperplasia of the
lower gut.

Hepatic trematodiasis has been reported in cocka-
toos. Numerous trematode eggs were seen on direct
smears of the feces. Necropsy findings were primar-
ily limited to the liver and were characterized by
hepatomegaly, increased firmness, numerous
streaks, brown and yellow mottling and fibrosis. In
some birds, trematodes were found in dilated bile
ducts. Histologic lesions were characterized by he-
patic fibrosis and bile duct hyperplasia. Clinical im-
provement following treatment with fenbendazole
and praziquantel was minimal; however, the number

of eggs per gram of feces did decrease dramatically
following therapy.92 Biliary cholestasis and cystic
dilatation have also been described in birds with
trematodiasis.77 Schistomiasis can cause heavy mo-
tility in free-ranging Anseriformes.111,112

Tapeworms: Tapeworms infecting psittacine
birds27,72 can be asymptomatic or the parasite may
steal nutrients from the host causing a bird to appear
unthrifty and have diarrhea (see Figure 36.28). Infec-
tions are most common in finches, African Grey Par-
rots (15 to 20% of imported birds), cockatoos (10 to
20% of imported birds) and Eclectus Parrots.22,95 In-
fections occasionally occur in South American Psit-
taciformes. Eosinophilia has been discussed as a
clinical change associated with tapeworm infections.
However, there has been no direct relationship dem-
onstrated between parasitism and eosinophilia in
birds. In general, infections are nonpathogenic al-
though large numbers of worms can cause impaction.
With severe infections, birds may die following a
period of weight loss and diarrhea.

Tapeworms require intermediate hosts, and infec-
tions are uncommon in birds that do not have access
to the ground. Either proglottids or whole worms
may be noted in the feces. Eggs of Triuterina and
Biporouterina are single whereas those of Raillietina
and Cotugnia are passed in clusters encased in a
mucilaginous material. Focusing through the indi-
vidual rounded eggs to see the hooks on the hexa-
canth larva may be necessary to demonstrate that
these are tapeworm eggs. Infections may not be de-
tected during routine fecal exams unless a proglottid
present in the feces has ruptured. The eggs contain
six hooks on oncosphere and hexacanth larvae.

Roundworms
Roundworms (nematodes) are more diversified than
flatworms and live in the small intestine (Ascaridia,
Ascarops and Capillaria), proventriculus and ven-
triculus (Microtetrameres, Procyrnea and  As-
carops),33,37 the  sur face  o f  the  eye  (Thelazia,
Oxyspirura, Ceratospira and Annulospira) and in
subcutaneous regions, body cavity and air sacs
(Eulimdana, Pelecitus, Cardiofilaria and Cyathospira).

Ascarids: Ascarids are the most common parasite
found in birds that are maintained in enclosures with
access to ground. Infections are particularly common
in budgerigars and cockatiels. Species that infect
psittacine birds include Ascaridia columbae (shared
with pigeons), A. galli (shared with gallinaceous
birds)87 and A. platycerci,76 which is restricted thus
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far to Psittaciformes. While there are other species
described, their validity is questionable.53,75,76

The direct life cycle requires a two- to three-week
period for embryonated larva to form within the egg,
which is viable for extended periods in moist warm
environments. The eggs are resistant to disinfec-
tants but can be controlled with steam or flaming.
The ingested larvae infect the intestinal mucosa.
Mild infections can cause malabsorption, weight loss,
anorexia, growth abnormalities and diarrhea. Heav-
ier parasite loads may cause intussusception, bowel
occlusion or death (Figure 36.30).

Providing a dry clean environment will decrease the
possibility that eggs will survive to embryonate.
Piperazine, pyrantel pamoate and fenbendazole may
be effective in resolving infections.

Cerebrospinal nematodiasis caused by larvae from
Baylisascaris procyonis (raccoon ascarids) has been
reported in gallinaceous birds, cockatiels, ratites and
several Passeriformes.4,80 Infective eggs are ingested
by the bird; the larvae are digested free from their
eggs, where they penetrate the intestinal wall and
begin migrating through the tissues. They do not
mature and continue to migrate in a form of visceral
larval migrans. When they enter the central nervous
system, the larvae induce considerable damage lead-
ing to ataxia, torticollis, depression and death.4

In a group of mixed macaws, seven of ten potentially
exposed birds developed ataxia, torticollis and de-
pression after being placed in contact with raccoons.
B. procyonis larvae were identified in the cerebrospi-
nal tissue of 6 of the birds. The earliest clinical signs
developed 35 days after potential exposure to the
raccoons. Other birds developed clinical signs over a
nine-month period. Some birds developed lesions 7.5
months after being removed from any exposure to the
parasite.22 An ostrich and two emus developed pro-
gressive ataxia (two to three weeks) and eventually
died. Necropsy findings included multifocal encepha-
lomalacia of the brain stem and cerebellum caused by
Baylisascaris larvae. Infective eggs were recovered
from the ground of the ostrich pen.62,63

Because no diagnostic stages of the parasite are re-
leased to the environment, and no commercially
available serological diagnostic kit is available, this
parasite is normally diagnosed histologically at ne-
cropsy. The best means of control is to prevent access
of free-ranging raccoons to aviaries, and thus prevent
contamination of the environment by these thick-
walled and long-lived eggs.

Ascarids in the genus Heterakis can infect the ceca of
gallinaceous birds, Anseriformes and other birds.
Nodular lesions consisting of fibrotic and granuloma-

FIG 36.30 A two-year-old Severe Macaw was presented with vom-
iting, diarrhea and chronic weight loss, even though the bird had
a voracious appetite. The bird had lost most of its pectoral muscle
mass (weight 230 g), and had a distended abdomen. Radiographs
indicated enlarged bowel loops, diffusely filled with linear soft
tissue densities. A fecal exam revealed thousands of ascarid eggs.
The bird did not respond to supportive care. This bird was main-
tained in a mixed species outdoor exhibit with access to the ground.
Intestinal nematodes are rare in companion birds maintained
indoors and in aviary birds maintained in suspended enclosures.
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tous tissue may develop in the submucosa of the ceca,
particularly in pheasants (see Color 14). The life
cycle is direct following ingestion of embryonated
ova. In some species (quail), infections are subclini-
cal, while other affected birds can die from complica-
tions associated with the mucosal and submucosal
lesions.

Capillaria: Species of Capillaria are tiny thread-like
nematodes that may infect the gastrointestinal tract
of most species of companion and aviary birds.22,109

Infections appear to be most common in macaws,
budgerigars, canaries, pigeons and gallinaceous
birds. Severe infections can cause diarrhea (which
may contain blood), weight loss, anorexia, vomiting
and anemia.22 Little has been published on these
worms as to the species present or their true influ-
ence on these birds; the clinical effects are not severe.
Species of this genus in other birds are profound
pathogens when they reside in the upper digestive
tract, particularly in gallinaceous birds. The life cycle
of Capillaria is direct.

Embryonation requires approximately two weeks,
and eggs can remain infectious in the environment
for several months. The adults can burrow into the
mucosa of the esophagus, crop or intestinal tract
causing depression, dysphagia, regurgitation, diar-
rhea, melena and weight loss. Capillaria that infect
the crop, esophagus and oral cavity burrow into the
mucosa, creating tracts that may fill with blood,
producing hyperemic streaks. Frank hemorrhage
may occur in the upper intestinal tract in heavily
parasitized animals. Diphtheritic lesions may occur
in the mouth, pharynx, esophagus and crop of some
infected species.

Scrapings of suspect lesions or fecal flotation can be
used to detect the characteristic bipolar eggs (see
Figure 36.18). Magnification may be necessary to see
the adults.

Spiruroidea: The superfamily Spiruroidea repre-
sents the most diversified group of nematodes in
birds. Little on the biology and pathology of these
nematodes is known, but the life cycle probably in-
volves an insect intermediate host. Ascarops sp. has
been recovered from the intestines of a Greater Sul-
phur-crested Cockatoo and A. psittaculai was de-
scribed in a Rose-ringed Parakeet.102,110 Procyrnea kea
was described from the New Zealand Kea where it
lives under the koilin of the ventriculus.20 Micro-
tetratmeres nestoris was found in the proventriculus
of the North Island Kaka where it caused hyperplasia

and metaplasia of the duct epithelium, glandular
atrophy and limited necrosis and hemorrhage.21

Four genera of eyeworms (Thelazia and Ceratospira)
have been reported (see Color 26).2,19,66,106 The inter-
mediate host is considered to be the fly. Eyelid
spasms and mild conjunctival hyperemia were evi-
dent in a Senegal Parrot with Thelazia even though
only three adults were recovered. The worms were
removed after they were incapacitated with 0.125%
demecarium bromide.19 In contrast, no pathology
was associated with numerous Ceratospira infecting
a Moluccan Cockatoo. Thelazia digitata has been
recovered from the eye of several macaws.2 Annulos-
pira has been removed from the eye orbits of a Rose-
ringed Parakeet.60

Oxyspirura sp. is common in the eye of cockatoos
where it resides beneath the nictitating membrane
or in the conjunctival sac. Severe infections may
cause conjunctivitis, chemosis and scratching at the
eye. The eyelids may close due to the accumulation of
caseous debris. The parasite has an indirect life cycle
that involves an arthropod (cockroach) intermediate
host. Ivermectin can be used to kill the worms, which
are then removed by flushing.

Streptocara spp. are pathogenic spiruroids that bur-
row into the mucosa of the esophagus, crop, proven-
triculus and ventriculus, principally in Anseriformes.
Crustaceans serve as an intermediate host. In severe
infections, diaphoretic esophagitis or gastritis associ-
ated with ulceration and frank hemorrhage may occur.

Spiroptera incerta and Dispharynx nasuta have been
reported in association with thickening of the
proventricular mucosa in a number of Psittaciformes
(see Color 19). The adult worms burrow into the
proventriculus causing ulcers, inflammation and
nodule formation. The proliferative mucosa may pre-
vent the passage of ingesta resulting in chronic vom-
iting and weight loss (Figure 36.31).

A large-mouthed worm (Cyathostoma cacatua) re-
lated to gapeworms has been reported from the air
sacs of a Sulphur-crested Cockatoo.14 Lungs from
infected birds were consolidated, had extensive ne-
crosis and caseation and contained bacteria and
many parasite eggs.

Syngamus: Syngamus trachea (gapeworm) has been
diagnosed in many species of companion and aviary
birds. Infections are rare in companion birds but are
common in Galliformes and Anseriformes (Figure
36.32). The red Y-shaped adult parasite can be visu-
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alized on the mucosa of the trachea
and primary bronchi. Adult birds are
generally resistant and most infec-
tions occur in young birds. Coughing,
open-mouthed breathing, dried blood
at the beak commissure, dyspnea and
head shaking are common. With se-
vere infections, death can occur sec-
ondary to tracheal ulceration, ane-
mia and asphyxiation. The eggs of
the parasite can be detected in the
feces. The life cycle is direct but
earthworms can serve as a transport
host. Thiabendazole has been recom-
mended for treatment. Ivermectin
can be used to kill the parasites and
they can be mechanically removed by
repeated transtracheal washes.

Filariidea: The filariid nematodes
have indirect life cycles and are
transmitted to birds by blood-feeding
diptera. A recent key to the genera of
adult filarial worms has been pub-
lished.7 The diagnostic stage of these
worms is the microfilaria and in most
cases, the microfilariae have not been
matched to the adults. The adults
live in the body cavity, chambers of
the eyes, heart or air sacs (Figure
36.33). Species of Pelecitus, Chan-
dlerella, Cardiofilaria and Eulim-
dana occur in psittacine birds. Adult
Pelecitus reside in subcutaneous tis-
sues causing masses, typically on the
legs and feet.1,47 A taxonomic revision
of the genus Pelecitus has been made.8 Other filariae
have been documented in psitticines, but nothing has
been discussed about known or potential pathogene-
sis.9,26

Microfilariae were at one time considered common in
the peripheral blood of Passeriformes and Psittaci-
formes with the incidence in imported cockatoos be-
ing particularly high (up to 45%). By comparison,
only six percent of imported non-cockatoo psittacine
birds were found to have microfilariae in one study.25

Many cockatoos with microfilariae are also found to
be infected with Haemoproteus. Microfilariae are
easiest to detect by examining the buffy coat on a
hematocrit tube. Microfilariae exhibit periodicity
and several blood tests may be necessary to demon-
strate the parasites.

FIG 36.31 A mature Umbrella Cockatoo was presented with a history of progressive
weight loss of one month’s duration. The bird had been vomiting for a week before
presentation. Survey radiographs indicated a thickened proventriculus. Contrast medium
was instilled into the crop and indicated a thickened proventricular mucosa and slowed
gastric emptying time: a) at 20 minutes; b) at six hours. Note the small heart (suggestive
of severe dehydration) and microhepatia. The client chose euthanasia. At necropsy, the
proventricular mucosa was ulcerated and inflamed and had numerous nodules. Spiroptera
eggs were identified in proventricular washings.

FIG 36.32 Syngamus spp. are seen in the trachea of a duck. Note
the hemorrhage and accumulation of necrotic debris associated
with the parasites (courtesy of Robert Schmidt).
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The adults primarily inhabit the air sacs but may
also occur in the joints, subcutaneous tissue and
pericardial sac. In most situations, the adults and
microfilariae are considered apathogenic; however,
filarial worms in the joints and subcutaneous tissues
can cause severe problems and should be removed
(Figure 36.34).

Adult filarial worms filling the pericardial sac of a
Red-vented Cockatoo caused death.22 An Umbrella
Cockatoo with a one-week history of anorexia, ataxia,
diarrhea and increased vocalization was found at
necropsy to have microfilariae in the small vessels of
the brain, lungs, kidneys, spleen, heart and liver.
Adult filariae were identified in the vena cava.55

Adult filariae were found in the heart of a recently
imported Ducorp’s Cockatoo with PBFD (see Color 14).

Arthropods
Hematophagous diptera including mosquitoes, black
flies and biting midges can feed on psittacine birds
and transmit blood parasites. Direct effects of these
parasites may include anemia, which is particularly
common in neonates during the rainy season in
South Florida (see Color 24).

Biting lice known to occur on psittacines include
Neopsittaconirmus, Psittaconirmus, Eomenopon and
Pacifimenopon. Lice may cause pruritus and poor
feather condition. The parasites can be observed di-
rectly, or the nits (eggs) can be seen attached to the
feathers (see Figure 48.21). Most species are host
specific and die quickly when they leave a host. Dust-
ing with pyrethrin can control infections. Because
many of the parrots and their relatives have not been
examined for lice, there are probably many more
species that have not been characterized.90,91

Mites and Fleas: Numerous mites have been de-
tected on and in psittacine birds. The scaly leg and
face mite, Knemidokoptes pilae, is the most fre-

FIG 36.33 Uncharacterized filariid nematodes (open arrow) were
found in the air sacs of a free-ranging Barn Owl that died from a
gunshot wound. The air sacs were clear and appeared to be unaf-
fected by the parasites. A loop of bowel (arrow) is also evident.

FIG 36.34 a) A Tucamon Amazon Parrot was presented with a history of bilateral, flocculent swellings of the metatarsal area. b) There
were no clinical indications of discomfort or dysfunction associated with the masses. A fine-needle aspirate of the swelling revealed
microfilaria. c) The masses were incised and numerous adult filariid worms (Pelecitus sp.) were removed.
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quently diagnosed and causes prominent and disfig-
uring lesions (see Color 24).98,113 Infections are most
common in budgerigars, but they may also occur in
other Psittaciformes and Passeriformes. Typically,
there is a proliferation of tissue on the beak. Lesions
may also occur on the feet, legs and cloaca in some
birds (see Color 24). Tunnels in the proliferative
tissue create a characteristic honey-combed appear-
ance. The mites can be detected by examining skin
scrapings. Using an operating microscope, the adult
females can be observed in the tunnels. Histologically
there will be shallow burrows in which the adults will
be stationed near the entrance.

Young birds are commonly affected, but adults may
be infected in some situations. A genetic predisposi-
tion to develop Knemidokoptes infections has been
suggested because only a few birds in a group may be
infected. A selective immunosuppression may also be
a predisposing factor, but has not been documented.
In canaries, Knemidokoptes infections on the feet and
legs may cause large proliferative masses frequently
referred to as “tassel-foot” (see Color 24). Knemido-
koptes and giardiasis are most commonly seen in
inbred birds suggesting a genetic immunosuppres-

sion. Epidermoptid mites may cause hyperkeratosis,
hypouricemia and feather loss. Infections are most
common around the head and neck and appear to be
severely pruritic.

A species of Knemidokoptes mite that is morphologi-
cally distinct from K. pilae and K. laeris was recov-
ered from several groups of Red-fronted Parakeets
with feather loss. The featherless skin was hypere-
mic and feather loss was prominent on the head and
neck. The mites were identified by microscopic ex-
amination of material collected from the thickened
calamus. Mites were identified in adult and imma-
ture birds but only the adults developed clinical
signs.99 Treatment consisted of two drops of a 1:20
dilution of 1% moxydectin topically on the neck.

Sternostoma tracheacolum can infect the trachea of
canaries, finches (especially Lady Gouldians), para-
keets and cockatiels. The larva, nymph and adult
forms of the parasite can be found in the respiratory
tract of affected birds, suggesting that the entire life
cycle occurs in the infected host. Clinical signs in-
clude dyspnea, coughing and sneezing. Nasal dis-
charge and open-mouthed breathing may also be

FIG 36.35 Aralichus elongatus mites on the ventral surface of the feathers of a White-capped Parrot. a) Males, females and exuvia. Note
the structure of the rachis, barbules and barbs. b) Male (courtesy of W. T. Atyeo).
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noted. Infections can be mild to severe with resulting
death by asphyxiation. These small black mites can
be identified by transillumination of the trachea, or
the eggs can be identified in the feces or following a
transtracheal wash. Young birds may be infected
when being fed by infected parents. The incubation
period in Gouldian Finches is three weeks but may
be months in other species. Mite-free Society Finches
can be used to cross-foster Gouldian Finches to pro-
duce mite-free flocks.35

Numerous feather mites have been described in birds
(Figures 36.35 and 36.36). Six species have been
described in African Psittaciformes and three to four
species have been described in Australian Psittaci-
formes. Fifteen species of feather mites have been
described in New World Psittaciformes. Feather
mites have highly specific microhabitats, infecting
specific portions of the feathers. In general, feather
mites are apathogenic in their host-adapted species,
but can cause clinical problems in non-host adapted
species, or with heavy infestations when the mites
move from the feathers to the skin. 

As an example of the highly specialized nature of
feather mites, two species that frequently infect
budgerigars were studied. Prolichns spp. were found
to live on the exposed surfaces of the wing and tail
feathers, while Dubininia spp. lived on the small
body feathers.6

Myialges (Metamicrolichus nudus) were demon-
strated in a Grey-cheeked Parakeet with sinusitis,
weight loss, pruritic dermatitis and feather loss of
the head. The skin was hyperkeratotic (several mil-
limeters thick), and the parasite was demonstrated
in pits within the stratum corneum and feather cav-
ity. The females of this parasite generally attach to
the exoskeleton of lice or hippoboscid flies for ovipo-
sition. The source of infection in this bird was unde-
termined.49

Myialges was diagnosed by finding eggs in a skin
scraping taken from an Amazon parrot with a one-
week history of scratching around the eyes. The skin
around the lores was dry and flaky and the head, cere
and lore area appeared to be pruritic. Ivermectin was
effective in controlling the infection.94

FIG 36.36 Rhytidelasma gaud from an Aratinga sp.; a) Nymphs. b) Cast skins (exuvia). Note the barbicels of the feather (courtesy of W.T.
Atyeo).
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Nonhost-specific fleas are occasionally noted in com-
panion and aviary birds. If they cause clinical prob-
lems (eg, pruritus, anemia, poor feather condition)
they can be controlled with a light dusting of pyre-
thrin powder. The mite protectors sold in most pet
supply stores have no effect on common external
avian parasites and may cause liver disease. The use
of these products is discouraged.

Other mites that have been associated with occa-
sional skin or feather disease in birds include: Der-
manyssus spp. (red mites), Ornithonyssus spp. (fowl
mites), K. laevis (depluming mite), epidermoptoid
mites and quill mites (Syringophilus spp., Dermoto-
glyphus spp., Pterolichus spp. and Analges spp.). Der-

manyssus feed on blood and may cause anemia,
pruritus and poor growth in young birds. They infect
the bird only at night and spend the daytime in
crevices within the aviary. Under magnification, they
can be recognized as rapidly moving dark brown
spots. Free-ranging birds can serve as a source of
infestation and should not be allowed to nest or roost
in the aviary. Ornithonyssus can cause problems
similar to those seen with Dermanyssus. This para-
site completes its life cycle on the bird. Dusting with
pyrethrin should be effective for controlling the
mites. Quill mites may cause damage to developing
feathers. The mites can be demonstrated by examin-
ing the pulp material within a developing feather.
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